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ABSTRACT

Thousand cankers disease threatens Juglans nigra (Eastern Black
Walnut) in urban and natural landscapes. Incidence and severity of
thousand cankers disease is higher in the host’s introduced range in the
western United States. We hypothesized that these differences are
driven partly by geographical variation in the host phytobiome due to its
roles in host stress tolerance, nutrient acquisition, and defense. To
evaluate the role of the phytobiome in mediating thousand cankers
disease, we characterized the J. nigra phytobiome of diseased and
healthy trees in portions of its native (Indiana and Tennessee) and
introduced (Washington) ranges. Grafted clones present in each state
and open-pollinated populations were sampled. DNA was extracted
from soil and branch (caulosphere) tissues and internal transcribed
spacer and 16s regions were sequenced for characterization of fungal
and bacterial communities. We found that microbial communities in the
caulosphere and soil differ between native and introduced ranges of

J. nigra and harbor different mutualistic and pathogenic
microorganisms. Additionally, caulospheremicrobial communities were
more species rich and diverse in the native range of J. nigra, suggesting
greater levels of functional redundancy and multifunctionality in the
native-range phytobiome comparedwith the introduced range.We also
found higher network complexity in the caulosphere of trees in the
introduced range and evidence for two alternative stable community
states associated with diseased and healthy trees. Our results provide
support for the hypothesis that geographical variation in thousand
cankers disease incidence and severity is partially driven by differences
in the phytobiome of J. nigra in its introduced and native ranges.

Keywords: biotic resistance hypothesis, ecology, endophytes, fungal
and bacterial communities, metagenomics, microbiome, mutualism,
network complexity, soil ecology, thousand cankers disease

Thousand cankers disease (TCD) threatens the ecological and
economic sustainability of walnut trees in urban and natural
landscapes (Feeley 2010; Treiman and Tuttle 2009; Treiman et al.
2010). TCD is caused by the fungal pathogen Geosmithia morbida
M. Kolařı́k, Freeland, C. Utley & Tisserat (Ascomycota: Hypo-
creales: Bionectriaceae) and its insect vector, the walnut twig beetle
(WTB; Pityophthorus juglandis Blackman; Coleoptera: Curculio-
nidae: Scolytinae). Susceptible hosts include Juglans spp. and
Pterocarya spp., important for nut and timber production. The most
susceptible host species is Juglans nigra L. (Eastern BlackWalnut),
which is native to most of the central and eastern United States
(Utley et al. 2013; Williams 1990). Both the insect vector and
fungal pathogen appear to have originated from the arid south-
western United States and Mexico and have been detected in 18
U.S. states, including 7 states within the native range of J. nigra,
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and Italy (Bright 1981; Hadziabdic et al. 2014a; Juzwik et al. 2015,
2016; Moore et al. 2019; Moricca et al. 2019; Rugman-Jones et al.
2015; Wood and Bright 1992; Zerillo et al. 2014).
Incidence and severity of TCD appears to be greatest in thewestern

United States, where J. nigra has been introduced, and widespread
decline and massive die-offs have occurred (Tisserat et al. 2009).
However, within the native range of J. nigra, TCD has been detected
in isolated locations (Hadziabdic et al. 2014b; Juzwik et al. 2015,
2016; Oren et al. 2018; Williams 1990). In the native range, there
appear to be two disease outcomes of TCD in J. nigra: either tree
recovery following initial decline, or gradual decline in health and
eventual tree mortality (Griffin 2015; Seybold et al. 2019). These
geographical patterns of TCD incidence and severity may be a
consequence of less favorable climatic conditions for disease es-
tablishment in the eastern United States. For instance, reduced WTB
activity and abundance in the eastern United States are hypothesized
to result from higher levels of precipitation that reduce drought stress
on host trees and susceptibility to WTB (Griffin 2015; Seybold et al.
2019). Host genetics may also influence susceptibility of J. nigra to
TCD (Blood et al. 2018; Utley et al. 2013).
In addition to the influence of abiotic factors and host genetics,

absence of mutualists in the phytobiome of J. nigra in its introduced
range or presence of microbial antagonists of G. morbida in the
native range may affect TCD severity (Gazis et al. 2018). Phyto-
biome composition is largely influenced by host genetics and the
physicochemical environment in which plants grow (Bálint et al.
2013; Cregger et al. 2018; Erlandson et al. 2018; Ren et al. 2019;
Veach et al. 2019). The phytobiome is known to influence the health
of introduced plants (Gundale et al. 2016; Hoffman and Arnold
2008; Klironomos 2002; Zhang et al. 2010). Introduced plants can
benefit by escaping pathogens and predators from their native
ranges, thereby facilitating establishment, range expansion, and
invasiveness (van der Putten et al. 2007). Conversely, organisms
introduced into novel habitats, including plants, pests, and pathogens,
may lose mutualists or encounter novel pathogens or parasites that
limit range expansion (Parker et al. 2006; Prider et al. 2008; Stricker
et al. 2016; Thompson et al. 2019). In support of this hypothesis,
culture-dependent comparison of Juglans spp. microbiomes
microbiome between the eastern and western United States found
greater abundance of potential TCD antagonists (Trichoderma spp.)
in the native range and potential novel pathogens (Sporothrix spp.
(=Ophiostoma)) in the invaded range (Gazis et al. 2018).
To compare the phytobiomes of diseased versus healthy and

native versus introduced J. nigra, we chose locations in Indiana,
Tennessee, and Washington, where TCD severity and incidence
varied across each study area, and tested trees for the presence of
G. morbida with a molecular probe (Oren et al. 2018). We used
DNA sequencing methods to characterize bacterial and fungal
community composition of J. nigra in both the native and intro-
duced ranges of the species. We predicted that the phytobiome of
J. nigra in its native range would have higher a-diversity and differ
in composition compared with the introduced range in the western
United States, and that phytobiome composition would vary with
host genetics. Fungal functional guild, indicator species, and mi-
crobial network analyses were used to identify microorganisms
associated with disease and geography, and to evaluate the extent to
which the presence and absence of mutualists and disease-
associated microorganisms differs between the native and intro-
duced ranges.

MATERIALS AND METHODS

Study sites, TCD pressure, and tree sources. Study areas were
selected in Indiana (Tippecanoe County) and Tennessee (Polk and

Knox Counties) to represent the northern and southern native
ranges of J. nigra. An additional study area in Walla Walla
County, WA, where disease pressure was high and trees were in
early to advanced stages of TCD-related decline, was included to
represent J. nigra in its introduced range in the western United
States.
InWalla Walla, WA, active populations ofWTBwere detected at

both sites as early as 2009 and crown decline is present throughout
the county (Zerillo et al. 2014). To date, there has been no record of
WTB or G. morbida in Tippecanoe County, IN. In Tennessee, we
sampled from Knox County, a quarantined area where TCD was
widespread throughout urban areas and G. morbida was detected,
and Polk County, a buffer zone where the transport of walnut
products outside of the county is limited and WTB were present at
low levels but G. morbida was not detected (Grant et al. 2011;
Griffin 2015; Oren et al. 2018) (https://www.tn.gov/) (W. E.
Klingeman and D. Hadziabdic, unpublished data). Tippecanoe
County, IN soils were silt loam and loamy sand Alfisols; Polk
County, TN soils were loam Entisols; Knox County, TN soils were
Ultisols; and Walla Walla County, WA soils were silt loam
Mollisols.
At sites in each state, three grafted clonal trees were selected from

the same four scion stock accessions (HTIRC numbers 55, 130,
132, and 272), which originated from a Hardwood Tree Im-
provement and Regeneration Center (HTIRC) program that is
jointly administered by the U.S. Forest Service Northern Research
Station and Purdue University (https://www.htirc.org). Grafted
clones from each of the four genotypes had been established in each
state. Additionally, nongrafted, wild-type (WT) trees were sampled
from nearby border areas in Washington, Indiana, TCD-positive
Knox County, and TCD-negative Polk County. GPS coordinates,
planting dates, and number of clones and WT trees at each location
are presented in Table 1.
Sample collection methodology. All samples were collected

between April and June 2017. From each tree, we collected samples
from branches (henceforth, the caulosphere) and bulk soil with
sterile tools. For the caulosphere microbiome, two to four branches
(approximately 6 cm in diameter) were collected per tree from
different cardinal directions. Branches were sectioned into 30 cm
segments, placed into large plastic zipper-seal bags, transported to
the laboratory on ice, and stored in a walk-in cooler at 4�C for 1 to
4 days until drill shavings could be collected. Drill shavings were
taken following Oren et al. (2018), and stored at _80�C until DNA
extraction.
For soil microbiome samples, leaf litter and debris were removed

from the tree base. A 2-cm-diameter stainless steel auger was used
to collect a total of eight 20-cm soil cores from four cardinal di-
rections at distances of 20 and 30 cm from the base of each tree. All
eight cores were pooled by tree and homogenized in the field in
paper bags. Coarse debris (e.g., large roots, rocks, and so on) was
removed by hand from the pooled sample, labeled, and split into
subsamples for soil analysis and DNA extraction. For laboratory
DNA extraction, an approximately 10-g subsample was taken from
each pooled and homogenized soil sample, immediately placed in
liquid nitrogen, and stored at _80�C until further processing. The
remaining soil was bulked and stored at 4�C. Soil was air dried,
ground, passed through a 2-mm sieve (number 10), and sent to
Brookside Laboratories (New Bremen, OH, U.S.A.) for analysis of
pH (1:1), soil organic matter (SOM; loss on ignition 360�C), nitrate
(NO3.N), ammonium (NH4.N), and Mehlich III extractable alu-
minum (Al), boron (B), calcium (Ca), copper (Cu), iron (Fe),
potassium (K), magnesium (Mg), manganese (Mn), sodium (Na),
phosphorus (P), sulfur (S), and zinc (Zn), and total cation exchange
capacity (TEC) using standard methods.
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DNA extraction andmolecular probe detection ofG. morbida.
We extracted DNA from branch drill shavings following the Qiagen
DNA Stool Mini Kit protocol (Qiagen, Germantown, MD, U.S.A.).
DNA was extracted from soil by homogenizing approximately
0.25 g of field-moist soil in a Bead Mill 25 Homogenizer (Omni
International, Kennesaw, GA, U.S.A.) and using the DNeasy
Powerlyzer Powersoil Kit protocol (Qiagen). The TCD infection
status of sampled trees was tested in triplicate following the protocol
of Oren et al. (2018).
Amplicon library preparation and sequencing. Internal

transcribed spacer (ITS)1 and ITS2 regions of the fungal ITS were
amplified from DNA isolated from drill shavings and sequenced at
the University of Tennessee Genomics Core (Knoxville, TN,
U.S.A.). The V4 region of the 16s ribosomal RNA (rRNA) for
bacteria and archaea was amplified from DNA isolated from drill
shavings, and sequenced at Oak Ridge National Laboratory
(ORNL; Oak Ridge, TN, U.S.A.). DNA isolated from bulk soil was
amplified for fungal ITS1, ITS2, and 16s V4 regions and sequenced
at ORNL. To maximize coverage of fungal taxa, the ITS1 region
was amplified using the ITS1 and ITS2 primer pair and the ITS2
region was amplified using a pool of six ITS3 and two ITS4 primers
(Cregger et al. 2018; White et al. 1990). For amplification of the 16s
V4 rRNA region, a pool of four 515F and one 806R primers were
used to maximize coverage of bacterial taxa (Cregger et al. 2018).
Amplicon metagenomic sequencing libraries were prepared as

described in the Illumina 16s metagenomic sequencing library
preparation guide (Part 15044223 Rev B). Pooled libraries were
validated on an Agilent Bioanalyzer (Agilent, Santa Clara, CA,
U.S.A.) using a DNA7500 chip, and the final library pool con-
centration was determined on an Invitrogen Qubit (Waltham, MA,
U.S.A.) with the broad-range double-stranded DNA assay. A
paired-end sequencing run (2 by 251 by 8 by 8) was completed on
an Illumina MiSeq instrument (Illumina, San Diego, CA, U.S.A.)
using v2 chemistry. Raw amplicon sequences are located under the
NCBI SRA BioProject PRJNA633586.
Sequence processing. The resulting 16s and ITS reads were

processed in mothur v.1.42.3 (Schloss 2020). Processing of 16s
reads followed the mothur MiSeq SOP (Kozich et al. 2013) (https://
mothur.org/wiki/miseq_sop/). We assigned taxonomy to 16s se-
quences using the naı̈ve-Bayesian classifier trained on the SILVA

r.132 reference files with an 80% confidence cut-off. Sequences that
either did not classify or were classified as eukaryotes, mito-
chondria, or chloroplasts were removed. Additionally, sequences
classified as bacteria or archaea with unknown phylum designations
were also removed prior to operational taxonomic unit (OTU)
clustering. Sequences were then clustered into OTUs using a 97%
similarity threshold using the cluster function. Taxonomy was then
assigned to the resulting OTUs using the SILVA r.132 database as
reference.
Bulk soil and caulosphere ITS reads were processed separately

following a modified version of the mothur MiSeq SOP (Kozich
et al. 2013) (https://mothur.org/wiki/miseq_sop/). Only ITS2
contigs were used for analysis. Short (<50 bp) or long (>450 bp)
sequences and sequences with homopolymers (>10 bp) were re-
moved. Remaining sequences were preclustered with a maximum-
differences cut-off of 2 bp. Taxonomic assignments were made
using the UNITE database v.8.0 (Nilsson et al. 2019) (https://
unite.ut.ee). ITS2 amplicons of plant origin or unknown phylum
designation were removed and distances were calculated from
pairwise alignments prior to OTU clustering at 98% sequence
similarity following Tedersoo et al. (2014), which assessed global
variation in soil fungal communities. All code related to sequence
processing and analysis are available in an online repository (https://
github.com/readingradio/Juglans.microbiome.github).
Classification of fungal functional guilds. Fungal OTUs were

assigned to fungal functional guilds using the online version of the
FUNGuild database (http://www.funguild.org/) (Nguyen et al.
2016) with a confidence cutoff of “possible”. Abundance values
for any OTU assigned to multiple functional guilds were divided by
the number of functional guilds assigned so that each possible
function for that OTU were equally weighted. To visualize dif-
ferences in potential fungal functions between states, stacked bar
plots depicting the relative abundance of each fungal functional
guild were created for each state.
Statistical analyses. All statistical analyses were conducted in R

v.3.4.4 or R v.3.6.0 and packages ape, car, stats, and vegan (Fox
et al. 2018; Oksanen et al. 2019; Paradis and Schliep 2019; R Core
Team 2018, 2019). To visualize differences in soil physicochemical
properties between states, soil physicochemical properties were
scaled and centered and a principal component analysis (PCA) was

TABLE 1
Description of field sites and locations of 47 Juglans nigra trees used in this study

Number of trees

Site Latitude Longitude Statea County Habitatb Clone (WT) agec TCDd Yeare 55f 130f 132f 272f WT Total

MCB 1 40.430987 _87.040339 IN Tippecanoe P, F 52 (>35) N 1968 3 2 1 … 1 7

MCB 2 40.433322 _87.03536 IN Tippecanoe P, F 40 (>35) N 1980 … … … 1 1 2

MCB 9 40.429721 _87.036605 IN Tippecanoe P, F 30 (>35) N 1990 … 1 2 2 1 6

Delano 35.247163 _84.575997 TN Polk P 14 (>35) N 2006 3 3 3 3 3 15

Lakeshore 35.9211 _83.9909 TN Knox F (>35) Y 2006 … … … … 3 3

BNL 46.015194 _118.29504 WA Walla Walla P 11 to 16 (11 to 16) Y 2004–2009 1 1 3 2 3 10

RN 46.044965 _118.2336 WA Walla Walla P 11 to 16 Y 2004–2009 2 1 … 1 … 4

Total … … … … … … … … 9 8 9 9 12 47

a IN = Indiana, TN = Tennessee, and WA = Washington.
b Location type: P = plantation and F = forest.
c Tree age in years for clone and wild type (WT).
d Trees in the county have (Y) or have not (N) tested positive for the presence of thousand cankers disease (TCD) (Oren et al. 2018).
e Planting year.
f Hardwood Tree Improvement and Regeneration Center accession number.
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conducted using the prcomp function. The contribution of state to
variation in soil physicochemical properties was evaluated using
permutational analysis of variance (PERMANOVA) with 10,000
permutations using the adonis function.
OTU abundances were then rarified based on visual inspection of

rarefaction curves and Good’s coverage values (Supplementary Fig.
S1; Supplementary Tables S1 to S4). We calculated the observed
species richness and the Shannon diversity index with the spec-
number and diversity functions. Singleton OTUs were then re-
moved from rarefied OTU tables prior to construction of stacked bar
plots and b-diversity analysis. We performed a principal coordinate
analysis on Bray-Curtis distances for each habitat using the pcoa
and vegdist functions.
To test for regional and clonal differences in fungal and bac-

terial diversity and richness, we performed analyses of variance
(ANOVA) with type III sum of squares. Additionally, the contri-
bution of state and clone identity to variation in community
composition was tested using PERMANOVA with the adonis
function with 10,000 permutations. If there was not a significant
interaction (P > 0.05), a two-way ANOVA or PERMANOVA was
performed with state and clone. For nonsignificant main effects (P >
0.05), we report P values from the simplest two-way ANOVA or
PERMANOVA that includes the nonsignificant terms. For sig-
nificant main effects (P < 0.05) we report the P value from the
ANOVA that only included significant variables. We followed up
ANOVA tests with post hoc Tukey tests to identify pairwise dif-
ferences between states when variables were significant in the
ANOVA.
To assess regional differences in beneficial and pathogenic fungal

functional groups from FUNGuild (Nguyen et al. 2016), we also
performed a- and b-diversity comparisons for fungal OTUs clas-
sified as mycoparasites, plant pathogens, and wood saprotrophs in
the caulosphere and OTUs classified as arbuscular mycorrhizae,
mycoparasites, or plant pathogens in bulk soils.
Indicator species analysis. To identify archaeal or bacterial and

fungal OTUs characteristic of the native and introduced ranges,
we performed indicator species analyses for caulosphere and soil
communities using the multipatt function from the indicspecies
package with 10,000 permutations (De Caceres et al. 2020). We
report significant indicator OTUs (P £ 0.05, indicator value
³ 0.80) for Indiana, Tennessee, Washington, and the Indiana +
Tennessee grouping that represents the native range of J. nigra.
To identify OTUs characteristic of TCD infection, we also per-
formed indicator analysis to identify fungal and bacterial OTUs in
the caulosphere and soil characteristic of TCD-positive and TCD-
negative trees.
Network analysis of hub taxa and network complexity. We

used network analysis modified from Agler et al. (2016) and
Barberán et al. (2012) to (i) compare measures of network com-
plexity between states and (ii) identify “hub taxa” OTUs from
merged bacterial and fungal data. OTUs that occurred in less than
four caulosphere samples or less than five times in fewer than five
soil samples were removed to reduce noise in the dataset from rare
taxa. Within each state, Spearman correlation networks were cre-
ated for absolute value of R > 0.6 or 0.8 and P cutoffs of 5 × 10

_2,
10

_2, 5 × 10
_3, and 10

_3 for caulosphere networks, or three orders of
magnitude smaller for the much larger soil networks.
The following measures of network complexity were calculated

for each state and tissue type at each combination of R and P cutoffs:
Kolmogorov-Chaitin algorithmic complexity (Soler-Toscano et al.
2014; Zenil et al. 2014, 2015); entropy sensu Mowshowitz (1968),
graph index complexity (Kim and Wilhelm 2008), and normalized
edge complexity (Bonchev and Buck 2005) as implemented in the R
package QuACN (Mueller et al. 2011); and first- and second-order

Shannon complexity as implemented in the R package acss (Gauvrit
et al. 2016). To control for network size (number of OTUs) when
comparing relative network complexity among states, we randomly
pruned network adjacency matrices to the size of the smallest
microbiome network at each P and R cutoff value (i.e., Indiana,
Tennessee, or Washington). Bootstrap mean and standard deviation
for each complexity measure were then calculated from 20 random
submatrices.
Each node in the unpruned networks was analyzed by calculating

degree, defined as the number of direct connections to other nodes,
and betweenness, which is the proportion of all pairwise node paths
that include a node, using the R package tidygraph (Pedersen 2019).
After fitting a Weibull function to the degree distribution and an
exponential distribution function to the betweenness centrality in
each network, we considered to be hub taxa those OTUs that were in
the 90th percentile for both degree and betweenness at a given
combination of P and R cutoffs.

RESULTS

Regional differences in soil physicochemical properties. Soil
physicochemical properties significantly differed by state (Sup-
plementary Fig. S2) (Pseudo-F2,44 = 7.0, P < 0.001, R2 = 0.24).
Following PCA, three principal components (PCs) were retained
that accounted for 74% of the variation observed within the data.
Soil physicochemical properties were largely differentiated by state
along PC1, whereas variation within states was accounted for more
by PC2 (Supplementary Fig. S2). PC1 (39.8% variation explained)
correlated positively with Al and Fe and negatively with B, Ca, K,
Mg, Na, pH, and TEC. PC1 also correlated positively with sites in
Tennessee and negatively with sites in Washington. PC2 (20.0%
variation explained) correlated positively with Ca, Cu, Mn, Zn, and
NO3.N and negatively with P. PC3 (14.3% variation explained)
correlated with Al, Fe, Mg, Mn, S, NH4.N, pH, and SOM.
Bacterial sequence processing. In total, 2.5 million 16s soil

sequences and 5 million 16s caulosphere sequences were assembled
from paired-end reads to characterize the walnut archaeal-bacterial
community. Following sequence processing in mothur, 2.3 million
16s sequences were clustered into 37,604 OTUs in bulk soils and
333,951 sequences were clustered into 4,530 bacterial OTUs in
caulosphere samples. In the caulosphere, no archaeal sequences
were retained following sequence processing. Prior to downstream
analyses for bacterial-archaeal communities, soil 16s samples were
rarefied to 37,329 sequences per library with no sample loss;
caulosphere 16s samples were rarified to 2,000 sequences, from
which three samples from Tennessee and four samples from
Washington were removed from further analyses. Following rar-
efaction and singleton removal, caulosphere samples retained a total
of 1,791 bacterial OTUs and soil samples retained 21,464 archaeal-
bacterial OTUs.
Fungal sequence processing. For fungal communities within the

phytobiome, 308,000 sequences were assembled from the ITS1
region and 2.5 million sequences were assembled from the ITS2
region for soil samples. In the separate Illumina run for caulosphere
samples, 1.6 million paired-end reads were assembled from the
ITS1 region and 2.9 million paired-end reads were assembled from
the ITS2 region. Following processing in mothur, 1.8 million ITS2
sequences clustered into 12,337 OTUs in soils and 629,829 se-
quences clustered into 4,646 OTUs in the caulosphere. Prior to
downstream analyses for fungal communities, soil ITS2 data were
rarefied to 25,000 paired-end reads per sample, resulting in the
removal of two Washington samples from further analyses. Cau-
losphere ITS2 data were rarified to 3,400 paired-end reads per
sample, resulting in the removal of one sample from Indiana from
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the analyses. Following rarefaction and singleton removal, caulo-
sphere samples retained 1,578 fungal OTUs and soil samples
retained 6,738 fungal OTUs.
G. morbida detection. Of the 47 J. nigra trees included in the

study, 8 tested positive for G. morbida DNA using the GS004
microsatellite locus. All G. morbida positive samples were from
Washington sites. Additionally, Otu0115, the only Geosmithia sp.
OTU retained in the data set following rarefaction and singleton re-
moval, was detected in the caulosphere of seven of the same eight trees
that tested positive with GS004 markers, except WA_BNL 23_WT.
No trees from Indiana or Tennessee tested positive for G. morbida
using the GS004 microsatellite locus or contained Otu0115.
Regional and host genetic differences in a-diversity

measures. In both the caulosphere and bulk soil, fungal and
bacterial richness and diversity significantly differed by state
(Table 2). In the caulosphere, bacterial richness and diversity was
the highest in Indiana and lowest in Washington (Fig. 1A and B;
Table 2). In soils, the richness and diversity of archaeal-bacterial
communities was highest in Washington and lower in Indiana and
Tennessee (Fig. 1C and D; Table 2). For caulosphere fungal
communities, richness and diversity was highest in Tennessee and
lower in Indiana and Washington (Fig. 1E and F; Table 2). In soils,
fungal community richness was higher in Indiana and Tennessee
and lowest in Washington (Fig. 1G; Table 2). Soil fungal diversity
did not significantly differ between states (Fig. 1H; Table 2). Clone
and state–clone interactions were nonsignificant; however, state–
clone interaction had a marginally significant effect on fungal
richness in the caulosphere (Table 2).
Regional and host genetic differences in microbiome

composition. In both the caulosphere and bulk soil, fungal and
bacterial community composition differed by state (Fig. 2; Table 2).

Clone identity only had a significant influence on the composition
of caulosphere fungal communities (Fig. 2C; Table 2). The majority
of 16s sequences recovered from caulosphere samples were iden-
tified as Proteobacteria, which comprised 45% of recovered se-
quences in Indiana, 48% in Tennessee, and 62% in Washington
(Supplementary Fig. S3). At the class level, the majority of 16s
caulosphere sequences in Indiana and Tennessee were classified as
a-Proteobacteria (Proteobacteria), which comprised 32% of de-
tected sequences in Indiana and 33% in Tennessee (Fig. 3A). In
Washington, the majority of 16s sequences were identified as g-
Proteobacteria (Proteobacteria), which comprised 27% of de-
tected sequences at the class level (Fig. 3A). The dominance of
g-Proteobacteria in theWashington caulosphere was driven, in part,
by 15% of 16s sequences in Washington being classified to the
Burkholderiaceae (b-Proteobacteriales) at the family level, which
had less representation in Indiana (3%) and Tennessee (1%) (Sup-
plementary Figs. S4A and S5).
In soils, the majority of 16s sequences were identified as Proteo-

bacteria from all three states and comprised 24% of detected sequences
in Indiana and Tennessee and 28% in Washington (Supplementary
Fig. S3B). At the class level, a-Proteobacteria (Proteobacteria)
comprised the greatest proportion of soil 16s sequences recovered
from Tennessee and Washington soils, representing 12% of re-
covered sequences at the class level in both states. In Indiana, the
majority of soil 16s sequences were identified as Nitrososphaeria
(Thaumarchaeota), representing 12% of recovered soil 16s sequences
at the class level (Fig. 3B).
In the caulosphere, the majority of ITS sequences originated from

Ascomycota in all three states, representing 96% of recovered ITS2
sequences in Indiana, 98% in Tennessee, and 93% in Washington
(Supplementary Fig. S3C). In the caulosphere, the classes

TABLE 2
Results of statistical tests comparing a- and b-diversity of the Juglans nigra microbiomea

Richness Shannon diversity b-Diversity

ANOVA Tukey’s HSD P value ANOVA Tukey’s HSD P value PERMANOVA
Habitat, organism,
analysis F df P TN-IN WA-IN WA-TN F df P TN-IN WA-IN WA-TN F b df P R2

Caulosphere

Fungi

State 58.6 2, 43 <0.001 <0.001 <0.001 <0.001 18.5 2, 43 <0.001 0.580 <0.001 <0.001 21.2c 2, 31 <0.001 0.46

Clone 0.9 4, 39 0.470 … … … 1.6 4, 39 0.205 … … … 2.0c 4, 31 0.006 0.09

State × clone 2.0 8, 31 0.079 … … … 0.6 8, 31 0.757 … … … 1.5c 8, 31 0.03 0.13

Bacteria

State 132.6 2, 37 <0.001 <0.001 <0.001 <0.001 35.2 2, 37 <0.001 <0.001 <0.001 <0.001 12.2 2, 37 <0.001 0.40

Clone 2.3 4, 33 0.080 … … … 1.0 4, 33 0.414 … … … 1.4 4, 33 0.090 0.09

State × clone 1.6 8, 25 0.184 … … … 0.9 8, 25 0.510 … … … 1.2 8, 25 0.109 0.15

Soil

Fungi

State 8.3 2, 42 0.001 0.941 0.002 0.003 0.2 2, 42 0.790 0.918 0.777 0.939 6.2 2, 42 <0.001 0.23

Clone 1.0 4, 38 0.438 … … … 0.3 4, 38 0.848 … … … 1.0 4, 38 0.406 0.07

State × clone 0.6 8, 30 0.802 … … … 0.8 8, 30 0.602 … … … 1.0 8, 30 0.466 0.15

Bacteria

State 14.6 2, 44 <0.001 0.557 <0.001 <0.001 26.7 2, 44 <0.001 0.462 <0.001 <0.001 9.5 2, 44 <0.001 0.30

Clone 0.1 4, 40 0.971 … … … 0.7 4, 40 0.630 … … … 0.7 4, 40 0.893 0.04

State × clone 0.5 8, 32 0.860 … … … 0.4 8, 32 0.910 … … … 0.7 8, 32 0.938 0.10

a Unless otherwise indicated, significant main effects (significantP values in bold) for state were tested using a one-way analysis of variance (ANOVA),
nonsignificant effects for clone were tested in a noninteractive two-way ANOVA, and nonsignificant interactions were tested in a full two-way model.
HSD = honestly significant difference, PERMANOVA = permutational analysis of variance, TN = Tennessee, IN = Indiana, and WA = Washington.

b Pseudo-F statistic.
c Results for state, clone, and the state–clone interaction presented from full interactive two-way model.
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Dothidiomycetes (Ascomycota) and Eurotiomycetes (Ascomycota)
dominated the fungal sequences recovered, with Dothidiomycetes
being more abundant in Washington (58%), Eurotiomycetes more
abundant in Indiana (50%), and Tennessee intermediate for both
Dothidiomycetes (41%) and Eurotiomycetes (27%) (Fig. 3C).
Finally, the majority of soil ITS sequences recovered from soils

were identified to the phylum Ascomycota in Indiana (73%),
Tennessee (74%), and Washington (76%) (Supplementary Fig.
S3D). Sordariomycetes comprised the greatest proportion of ITS
sequences from soil in all three states, representing 32% of re-
covered ITS sequences in Indiana, 31% in Tennessee, and 29% in
Washington (Fig. 3D).
Regional and host genetic differences in fungal functional

guilds. In caulosphere fungal communities, 632 of 1,578 OTUs

were assigned to a fungal functional guild. The majority of
caulosphere fungal sequences belonging to classifiable OTUs
were classified as plant pathogens in Indiana (27%) and Ten-
nessee (23%) and as undefined saprotrophs in Washington
(29%) (Fig. 4A). The richness and composition of caulosphere
mycoparasite, plant pathogen, and wood saprotroph commu-
nities significantly differed between states (Fig. 4C to E;
Table 3). Mycoparasite richness was highest in Indiana and
Tennessee and lowest in Washington; and wood saprotroph
richness was highest in Indiana, followed by Tennessee and
Washington (Supplementary Fig. S6A and E; Table 3). Plant
pathogen richness was highest in Tennessee and lowest in
Washington (Supplementary Fig. S6C; Table 3), with a greater
number of potential plant pathogen OTUs from the classes

Fig. 1. A, C, E, and G, Observed richness and B, D, F, and H, Shannon Diversity in Juglans nigra trees from Indiana (IN), Tennessee (TN), and
Washington (WA) representing caulosphere bacterial communities (A and B), soil bacterial and archaeal communities (C and D), caulosphere fungal
communities (E and F), and soil fungal communities (G andH). ITS = internal transcribed spacer. Letters represent significant mean differences between
states based on Tukey’s post hoc comparison (P < 0.05). Points are shaped by clone identity.
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Dothidiomycetes (e.g., Helminthosporium spp.), Sordar-
iomycetes (e.g., Diaporthe and Phaeoacremonium spp.), and
Eurotiomycetes (e.g., Calciopsis and Strelitziana spp.) in
Tennessee. There was also a significant host genetic effect on
plant pathogen community composition in the caulosphere
(Table 3).
In soil fungal communities, 3,836 of 6,738 OTUs were assigned

to a fungal functional guild. The majority of soil fungal sequences
belonging to classifiable OTUs were classified as undefined sap-
rotrophs in Indiana (28%), Tennessee (30%), andWashington (31%)
(Fig. 4B). Soil arbuscular mycorrhizae, mycoparasites, and plant
pathogen richness and community composition significantly differed
between states (Fig. 4F to H; Table 3). The richness of arbuscular
mycorrhizae and soil plant pathogens was highest in Indiana and

Tennessee and lowest inWashington, and mycoparasite richness was
highest in Indiana and lowest in Washington (Supplementary Fig.
S6B, D, and F; Table 3).
Indicator species analysis. For bacterial communities in the

caulosphere, 175 bacterial indicator OTUs were detected across the
four potential state groupings of Indiana (47 OTUs), Tennessee (16
OTUs),Washington (23 OTUs), and Indiana + Tennessee (89 OTUs)
(Supplementary Table S5). In soils, in total, 448 bacterial indicator
OTUs were detected across the four potential state groupings of
Indiana (62 OTUs), Tennessee (60 OTUs), Washington (210 OTUs),
and Indiana + Tennessee (116 OTUs). Spirosomaceae and Gem-
mataceae were common indicator OTUs in the caulosphere and soils,
respectively for Indiana, Tennessee, Indiana + Tennessee, and TCD-
negative trees in Washington (Fig. 5A; Supplementary Table S5).

Fig. 2. Principal coordinate (PC) analysis of A and C, caulosphere and B and D, soil bacterial and archaeal (A and B) and fungal (C and D) communities
from Juglans nigra trees in Indiana (IN), Tennessee (TN), and Washington (WA). Points and ellipses are colored by state and shaped by clone
genotype. Ellipses represent standard deviation of axis scores from the group centroid.
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For caulosphere fungal communities, 135 fungal indicator OTUs
were detected across the four potential state groupings of Indiana
(19 OTUs), Tennessee (43 OTUs), Washington (55 OTUs), and
Indiana + Tennessee (18 OTUs) (Supplementary Table S7). In the
soil, in total, 198 indicator OTUs were detected across the four
potential state groupings Indiana (17 OTUs), Tennessee (42 OTUs),
Washington (80 OTUs), and Indiana + Tennessee (59 OTUs)
(Supplementary Table S8). Indiana and Tennessee indicator OTUs
included many species of Pleosporales (Dothidiomycetes), Phaeo-
moniellales, and Rhinocladiella (Eurotiomycetes) in caulospheres
and entomopathogenic Metarhizium spp. (Sordariomycetes) in soils
(Fig. 5B; Supplementary Fig. S8; Supplementary Table S8).
Washington had several plant-pathogenic indicator OTUs in the
caulosphere such as Cryptococcus cuniculi (Tremellomycetes),
Taphrina spp. (Taphrinomycetes), Aureobasidium pullulans, and
Alternaria spp. (Dothidiomycetes); and in soils, including Fusarium
spp. (Sordariomycetes) and Alternaria spp. (Dothidiomycetes) (Fig.
5B; Supplementary Fig. S8; Supplementary Tables S7 and S8). In
Washington, there were nine fungal indicator OTUs of TCD-positive
trees, including fungal pathogens such asAlternariametachromatica,
and six fungal indicator OTUs of TCD-negative trees (Fig. 5B),
including species of Orbiliaceae, which were also detected in Indiana
and Indiana + Tennessee (Fig. 5B).
Network analysis of hub taxa and network complexity. In the

caulosphere, Tennessee and Indiana networks contained two sub-
networks. Network analysis detected 174 hub caulosphere OTUs
across Indiana (84 OTUs), Tennessee (67 OTUs), and Washington
(23 OTUs) (Fig. 6A to C; Supplementary Table S9). There were

common hub OTUs across all three states (Fig. 6A to C; Sup-
plementary Fig. S9). Hub OTUs from Washington included the
black yeast Knufia spp. (FOtu0118) and a bacterium classified to
Xanthomonadaceae (BOtu0007), a bacterial family containing plant
pathogens known to infect walnut (Arrieta et al. 2010). BOtu0007
was also identified as an indicator OTU of TCD-positive trees in
Washington (Figs. 5A and 7). In soils, network analysis detected
185 hub soil OTUs across Indiana (55 OTUs), Tennessee (60
OTUs), and Washington (70 OTUs) (Fig. 6D to F; Supplementary
Table S10). There was overlap in soil hub OTUs between all three
states (Supplementary Fig. S10).
Overall, in the caulosphere, bootstrap mean microbiome network

complexity was highest in Washington, followed by Tennessee and
Indiana across all P and R cutoffs for all network complexity
measurements (Supplementary Fig. S11). In soils, bootstrap mean
microbiome network complexity was highest in Tennessee, fol-
lowed by Indiana and Washington for all measures and P and R
cutoffs, with the sole exception of Mowshowitz entropy, which was
lowest in Indiana for P > 10

_2 (Supplementary Fig. S12).

DISCUSSION

Our study revealed differences in the diversity and composition
of the phytobiome within and between the native (i.e., Indiana and
Tennessee) and introduced (Washington) ranges of J. nigra, an
economically and ecologically important tree species. These results
support our central hypothesis of regional differences in the host
phytobiome across native and introduced ranges. Furthermore,

Fig. 3. Relative abundance of A and C, caulosphere and B and D, soil bacterial and archaeal (A and B) and fungal (C and D) classes from Juglans nigra
trees in Indiana (IN), Tennessee (TN), and Washington (WA). “Other” represents classes that comprised less than 1% of all bacterial and archaeal
sequences or fungal sequences in the study and “Unclassified” represents operational taxonomic units classified at the phylum level but not at the class
level.

Vol. 4, No. 4, 2020 395



a-diversity measures were generally lower in Washington com-
pared with the native range, potentially linking observed geographic
dependency of TCD incidence and severity to a species-poor
phytobiome in the introduced range. We also observed stronger
geographical differences in the a- and b-diversity of the caulo-
sphere compared with bulk soil.
Fungal and bacterial communities in the caulosphere of J. nigra

within the introduced range had lower species richness and diversity
when compared with trees from the native range. This finding is
congruent with previous studies that observed differences in the
a-diversity of microbial communities between the native and in-
troduced ranges of plant hosts (Gundale et al. 2016; Lu-Irving et al.
2019). We cannot rule out the possibility that lower species richness
and patterns of b-diversity observed in Washington caulosphere
samples were partly a consequence of TCD infection because all
eight TCD-positive trees were located in Washington. The
microbiome of diseased plants can have lower levels of a-diversity
compared with healthy plants (Koskella et al. 2017; Trivedi et al.
2012; Wei et al. 2018).
Although it is possible that Washington caulosphere commu-

nities were less diverse as a consequence of infection, our data

support the hypothesis that the higher levels of a-diversity recorded
from Indiana and Tennessee caulospheres compared with the in-
troduced range (Washington) could potentially function to limit
establishment success, severity, and spread of G. morbida in the
native range of J. nigra. Despite the fact that network analysis
distinguished distinct microbial communities associated with trees
that tested positive and negative for G. morbida in Washington,
overall a- and b-diversity of Washington samples differed dra-
matically from the native range. Although detected in eastern
Tennessee, TCD has not spread very far since its initial detection in
2009 (Tisserat et al. 2009). Apart from the incidental recovery of an
adult WTB at a sawmill, no WTB have been detected in Indiana.
Moreover, state-wide surveys have found no evidence of TCD in
standing trees, despite the recovery ofG. morbida from other beetle
species (Juzwik et al. 2015; Marshall 2015; Seybold et al. 2019).
At local scales, diverse communities are often more resistant to

invasion than species-poor communities (i.e., biotic resistance
hypothesis) due to limited resource availability and niche space
(Fitzgerald et al. 2016; Knops et al. 1999; Pinto and Ortega 2016;
Stachowicz et al. 1999; van Elsas et al. 2012). In contrast, several
studies have found a positive relationship between a-diversity and

Fig. 4. Relative abundance of A, caulosphere and B, soil fungal functional guilds from Juglans nigra trees in Indiana (IN), Tennessee (TN), and
Washington (WA). Principal coordinate (PC) analyses of caulosphere C,mycoparasite; D, plant pathogen; and E, wood saprotroph communities and
soil F, arbuscular mycorrhizae; G, mycoparasite; and H, plant pathogen communities from IN, TN, and WA. Fungal functional guilds were assigned to
fungal operational taxonomic units (OTUs) using the FUNGuild database (accessed 26 November 2019). In caulosphere fungal communities, 632 of
1,578 OTUs were assigned to a fungal functional guild. In soil fungal communities, 3,836 of 6,738 OTUs were assigned to a fungal functional guild.
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invasion success, which may be dependent upon more than just the
a-diversity of recipient communities but also the phylogenetic
relatedness of the invader to its recipient plant communities and the
spatial scale under consideration (Fitzgerald et al. 2016; Li et al.
2015).
In addition to potentially limiting the establishment success of

G. morbida, species-rich microbial communities tend to be more
complex and possess greater multifunctionality and functional
redundancy than species-poor communities (Wagg et al. 2014,
2019). We observed the highest levels of network complexity in the
Washington J. nigra caulosphere compared with Indiana and
Tennessee, despite lower levels of species richness in Washington
caulosphere communities. The higher levels of network complexity
in the Washington caulosphere could be derived from the presence
of two stable community states in Washington, one of which
contains G. morbida (Fig. 6). Perturbation of the system by
G. morbida infection may have pushed the system from one state to

the other (Shaw et al. 2019). The hub OTUs in the subnetwork with
G. morbida also contained four bacterial OTUs (0007, 0011, 0014,
and 0087) identified as indicator species that were present at the
TCD-positive site in Knox County and could be involved in disease
(Figs. 5A and 7). The Tennessee caulosphere also contains two
subnetworks but they segregated between clones and WT trees
along with TCD status (Fig. 7). The Tennessee subnetwork asso-
ciated with WT trees was abundant in clones and WT trees in
Indiana (Fig. 7, blue) but the subnetwork associated with Tennessee
clones was not well represented in Indiana (Fig. 7, black). However,
two bacterial OTUs (0010 and 0031) from the presumably healthy
(i.e., G. morbida-free) Washington subnetwork were present in all
three states (Fig. 7, red) along with Botu0011 from the G. morbida-
associated Washington subnetwork (Fig. 7, orange).
Compositional differences identified between Indiana and Ten-

nessee communities in this study demonstrate that the J. nigra
phytobiome is highly variable across the host’s native range. Even

TABLE 3
Results of statistical tests comparing a- and b-diversity of the Juglans nigra fungal functional guildsa

Richness b-Diversity

ANOVA Tukey’s HSD P value PERMANOVA

Habitat, organism, analysis F df P TN-IN WA-IN WA-TN F b df P R 2

Caulosphere

Mycoparasites

State 31.4 2, 43 <0.001 0.861 <0.001 <0.001 16.5 2, 43 <0.001 0.43

Clone 28.7 4, 39 0.675 … … … 1.3 4, 39 0.195 0.06

State × clone 0.8 8, 31 0.610 … … … 1.3 8, 31 0.144 0.12

Plant pathogens

State 6.2 2, 43 0.004 0.289 0.159 0.003 15.1c 2, 39 <0.001 0.40

Clone 0.5 4, 39 0.730 … … … 1.63c 4, 39 0.033 0.09

State × clone 1.7 8, 31 0.136 … … … 1.3 8, 31 0.098 0.13

Wood saprotrophs

State 22.8 2, 43 <0.001 <0.001 <0.001 0.554 11.8 2, 43 <0.001 0.36

Clone 0.8 2, 39 0.533 … … … 1.4 4, 39 0.082 0.08

State × clone 0.6 8, 31 0.789 … … … 1.2 8, 31 0.114 0.14

Soil

Arbuscular mycorrhizae

State 7.2 2, 42 0.002 0.915 0.003 0.006 3.6 2, 42 <0.001 0.15

Clone 0.6 4, 38 0.680 … … … 0.9 4, 38 0.742 0.07

State × clone 1.7 8, 30 0.133 … … … 1.1 8, 30 0.200 0.18

Mycoparasite

State 6.1 2, 42 0.005 0.080 0.004 0.312 7.9 2, 42 <0.001 0.27

Clone 0.9 4, 38 0.493 … … … 1.1 4, 38 0.381 0.07

State × clone 0.5 8, 30 0.880 … … … 1.2 8, 30 0.1286 0.16

Plant pathogens

State 7.0 2, 42 0.002 0.787 0.003 0.010 6.3 2, 42 <0.001 0.23

Clone 1.8 4, 38 0.158 … … … 0.8 4, 38 0.788 0.06

State × clone 0.3 8, 30 0.941 … … … 1.0 8, 30 0.563 0.14

a Unless otherwise stated, significant main effects for state (significant P values in bold) were tested using a one-way analysis of variance (ANOVA),
nonsignificant effects for clone were tested in a noninteractive two-way ANOVA, and nonsignificant interactions were tested in a full two-way model.
HSD = honestly significant difference, PERMANOVA = permutational analysis of variance, TN = Tennessee, IN = Indiana, and WA = Washington.

b Pseudo-F statistic.
c Results for state and clone presented from noninteractive two-way model.
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though the Tennessee and Washington caulospheres were char-
acterized by the presence of two subnetworks and higher com-
plexity than Indiana, the caulosphere phytobiomes sampled in the
native range (Indiana and Tennessee) shared more taxa with one

another than they did with Washington phytobiomes. Despite
similarity in subnetwork structure to Tennessee, community
membership in Washington was dominated by taxa that were either
not present or less abundant in the native range. Geographic

Fig. 5. Sensitivity, specificity, and indicator values for top 10 A, bacterial and B, fungal indicator operational taxonomic units (OTUs) for caulosphere of
Juglans nigra in Indiana (IN), Tennessee (TN), Washington (WA), and IN + TN; and thousand cankers disease (TCD)-positive trees and TCD-negative
trees in WA. ITS = internal transcribed spacer. Only the top 10 OTUs classified to at least the class level for each group are depicted. The full list of
indicator species can be found in Supplementary Table S7. The left three columns indicate whether the OTU was assigned to the saprotroph, plant
pathogen, or mycoparasite functional guilds in the FUNGuild database (accessed 26 November 2019).
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variation in the phytobiome among populations of individual
species is well documented (Agler et al. 2016; Lu-Irving et al. 2019;
Ramirez et al. 2019). Variation among regions has been attributed to
differences in associated host plant communities, climate and soil
differences, and host genetics (Bálint et al. 2013, 2015; Gundale
et al. 2016; Laforest-Lapointe et al. 2016; Ramirez et al. 2019;
Wagner et al. 2016). The composition of fungal communities in the
caulosphere of J. nigra clones was influenced by host genetics but
the bacterial community composition was not. Our observations
build on previous reports that fungal communities may be more
sensitive to host plant genetics than bacterial communities
(Bergelson et al. 2019).
The mycoparasite and plant pathogen communities that were

recovered in the native range of J. nigra differed from those found
in the introduced range. This observation provides support for the
hypothesis that J. nigra has encountered novel pathogens or lacks
certain mutualists in its introduced western U.S. range. The greater
richness of mycoparasites in the caulosphere of trees in their native
range raises the possibility that trees in the native range (Indiana and
Tennessee) benefit from direct antagonism of pathogens (Gazis
et al. 2018).

Caulosphere fungal communities in both the native and intro-
duced ranges sampled in this study were dominated by sequences
classified to the phylum Ascomycota, which aligns with many
studies evaluating phyllosphere endophyte communities (Cregger
et al. 2018; Rogers et al. 2018). Caulosphere fungal communities in
the introduced range of J. nigra (Washington) had a greater pro-
portion of sequences identified to the classes Dothideomycetes and
Taphrinomycetes, which contain well-known plant pathogens such
as Alternaria spp. (Belisario et al. 1999) and Taphrina spp. (Cissé
et al. 2013); the former was identified as an indicator OTU of TCD-
positive trees in Washington. Fungi in these taxa could act as
secondary pathogens that increase severity of TCD in the western
United States (Busby et al. 2016). The class Eurotiomycetes,
predominantly represented by Phaeomoniellales, had greater rep-
resentation in Indiana and Tennessee (Figs. 3C and 5B; Supple-
mentary Fig. S4C). Phaemoniellales is dominated by endophytes of
gymnosperms and pathogens of dicots (Chen et al. 2015). Future
effort should be undertaken to articulate the roles of these fungi as
potential antagonists to G. morbida. Finally, we detected Sydowia
polyspora, a common bark beetle associate, as an indicator OTU in
the Washington caulosphere (Muñoz-Adalia et al. 2017).

Fig. 6. Depiction of correlation network for relationships among bacterial (black) and fungal (red) operational taxonomic units (OTUs) from the A, B, and
C, caulosphere andD, E, andF, soil microbiome of Juglans nigra in Indiana (IN) (A andD), Tennessee (TN) (B and E), andWashington (WA) (C and F),
with hub nodes indicated by solid circles and Geosmithia morbida as a green circle (C). Size of node indicates number of connections (degree).
Darkness of lines indicates strength of correlation (absolute value of Spearman coefficient > 0.8). P value cutoffs for networks shown are < 0.01 for
caulosphere (A, B, and C) and < 10

_5 for soil (D, E, and F). Positive and negative associations are indicated by blue and gray lines, respectively.
Independent subnetworks not shown.
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Interestingly, we did not detect any Trichoderma OTUs in the
caulosphere despite their prevalence among fungi that were cultured
from insect-induced galleries and fungal lesions (Gazis et al. 2018).
Failure to detect Trichoderma could be a product of primer bias
which limited the amplification of Trichoderma DNA (Tedersoo
and Lindahl 2016), extraction bias, or the fact that sampling in this
study did not include the insect galleries themselves. It is also
possible that Trichoderma spp. were not present in the samples.
These results highlight the importance of using culture-dependent
methods in tandem with culture-independent screening to provide a
more complete picture of microbial communities that are interacting
with infected host plants (Goulart et al. 2019; Pei et al. 2017; Weber
et al. 2019).
Caulosphere bacterial communities were dominated by sequences

from the phylum Proteobacteria and did not contain archaeal se-
quences consistent with observations of other hardwood and co-
niferous tree species (Cregger et al. 2018; Proença et al. 2017; Ren
et al. 2019; Rogers et al. 2018). OTUs belonging tob-Proteobacteriales
(g-Proteobacteria) were more abundant in Washington than the
native range, and mainly classified to Burkholderiaceae, which were
also identified as indicator OTUs for the Washington caulosphere.
Burkholderiaceae are considered to be ruderal species because they

thrive in low-stress, highly disturbed environments and are reported
as plant pathogens and endophytes (Bulgari et al. 2012; Fierer 2017;
Kajiwara 2016). Additionally, members of the Burkholderiaceae
family are commonly detected in culture-dependent and culture-
independent assessments of bark beetles and bark beetle galleries
(Cardoza et al. 2009; Mason et al. 2015). The higher relative
abundance of Burkholderiaceae in Washington may be related to
higher levels of disease incidence in this region.
Both soil a-diversity and community composition differed be-

tween native and introduced ranges of J. nigra. However, within-
range differences were less distinct in the soil compared with the
caulosphere, suggesting that different factors drive community
composition in caulosphere and soil environments. Compared with
bulk soil, communities directly associated with plant tissues are
more strongly influenced by host biology and exclusionary inter-
actions occurring in response to other endophytes (Lagunas et al.
2015; Newcombe et al. 2018; Plett and Martin 2018; Roy and
Kirchner 2000). In soils, microbial communities are structured in
large part by dispersal and edaphic factors (Colin et al. 2017;
Erlandson et al. 2018; Fierer 2017; Fukami 2015; Glassman et al.
2017). In support of this, the stress-tolerant groups Acidobacteria,
Chloroflexi, and Verrucomicrobia were most common in the most

Fig. 7. Heatmap of the relative abundance of hub taxa from alternative highlighted subnetworks of Juglans nigra in Tennessee (TN) (black and blue) and
Washington (WA) (orange and red) caulosphere microbiome from merged fungal and bacterial data. WT = wild type. Darkness of squares in the
heatmap represents standardized log transformed abundance of each operational taxonomic unit. Size of nodes indicates number of connections
(degree), hub nodes are depicted as solid circles, darkness of lines indicates absolute value of Spearman’s r (>0.8), and networks are based on
associations with P < 0.01.
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highly weathered soils in Tennessee, followed by Indiana (Fierer
2017). Soil physicochemical properties significantly differed be-
tween sites, most likely due to differences in soil type and land use
history between sites. Higher a-diversity in the bacterial soil
communities was likely driven by higher pH and lower NO3.N
concentrations in Washington soils compared with Indiana and
Tennessee soils (Campbell et al. 2010; Zhang et al. 2017). Lower
fungal richness in Washington soils compared with Indiana and
Tennessee soils could be attributed to differences in the relative
ability of native fungal communities to adapt to novel substrates or
allelochemicals such as the root-secreted juglone (Block et al. 2019;
Ladino-Orjuela et al. 2016; Lubbers et al. 2019; Meinhardt and
Gehring 2012; Schmidt 1988).
There were significant differences in the community composition

of arbuscular mycorrhizae in the soil within the native and intro-
duced ranges of J. nigra. Arbuscular mycorrhizal richness was also
greater in Indiana and Tennessee. Arbuscular mycorrhizae are
important plant symbionts that suppress canker diseases of apple
(Krishna et al. 2010) and poplar (Tang and Chen 1994) and, thus,
may contribute to the observed differences in TCD severity. To
better understand differences in arbuscular mycorrhizal commu-
nities between the native and introduced ranges of J. nigra, future
studies should evaluate and compare root colonization by arbus-
cular mycorrhizae.
We also detected significant differences in the composition of

plant pathogens in soil communities between the native and
introduced ranges of J. nigra. In particular, the pathogens
Fusarium redolens and Alternaria spp. were identified as indi-
cator OTUs in Washington soils. The presence of F. redolens in
Washington soils is of interest due to previous studies which
found coinfection of G. morbida and Fusarium solani in J. nigra
trees (Montecchio et al. 2015; Tisserat et al. 2009).
Fusarium redolens is a pathogen of chickpea (Jiménez-
Fernández et al. 2011) and wheat (Esmaeili Taheri et al. 2011;
Moya-Elizondo et al. 2011) in the Pacific Northwest. These two
crops are among the most common rotation crops that are planted
in southeast Washington, where our study site is located. Gib-
berella zeae, a common pathogen of wheat, was also detected as
an indicator OTU of TCD-positive trees, providing further
support to the idea that land-use history may explain some of the
observed differences in soil microbiota associating with J. nigra
trees. We also detected Clonostachys spp. as indicator OTUs in
the soils of Indiana + Tennessee and TCD-negative trees in
Washington; this common mycoparasitic biocontrol fungus can
induce systemic acquired resistance in plant hosts, suggesting a
possible role in suppression of TCD (Roberti et al. 2008;
Rodrı́guez et al. 2011).
In additional to regional differences, host genetics influenced

fungal community composition in the caulosphere of J. nigra trees
in this study. Given evidence that host genetics also play a sig-
nificant role in regulating the severity of TCD infections and the
higher severity and incidence of TCD in urban habitats, future
efforts to develop practical management approaches for TCD should
consider host genetic, environmental, and management factors that
could modify susceptibility to disease (Busby et al. 2017).
Conclusion. In this study, we found evidence that genetic and

geographic factors lead to differences in the richness, diversity, and
composition of the J. nigramicrobiome across the host’s native and
introduced ranges. These differences could possibly have a role in
the observed geographical differences in TCD severity and inci-
dence; however, additional research employing manipulated con-
trolled experiments is needed to disentangle the effects of disease
and geography on the phytobiome and the role of the phytobiome in
controlling TCD spread (Busby et al. 2016). It should be noted that

the microbiome can provide only a partial explanation for differ-
ences in TCD incidence and severity. WTB and G. morbida have
likely not yet been introduced to north-central Indiana due to
successful quarantine protections, thus explaining the absence of
these TCD members in our Indiana study location. Differences in
prevailing climate are also likely to be important factors that limit
the establishment of both the fungus and its vector, accounting for
differences in disease incidence and severity between the native and
introduced ranges of J. nigra.
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